Cells adapt to changing nutrient availability by modulating a variety of processes, including the spatial sequestration of enzymes, the physiological significance of which remains controversial. These enzyme deposits are claimed to represent aggregates of misfolded proteins, protein storage, or complexes with superior enzymatic activity. We monitored spatial distribution of lipid biosynthetic enzymes upon glucose depletion in Saccharomyces cerevisiae. Several different cytosolic-, endoplasmic reticulum-, and mitochondria-localized lipid biosynthetic enzymes sequester into distinct foci. Using the key enzyme fatty acid synthetase (FAS) as a model, we show that FAS foci represent active enzyme assemblies. Upon starvation, phospholipid synthesis remains active, although with some alterations, implying that other foci-forming lipid biosynthetic enzymes might retain activity as well. Thus sequestration may restrict enzymes' access to one another and their substrates, modulating metabolic flux. Enzyme sequestrations coincide with reversible drastic mitochondrial reorganization and concomitant loss of endoplasmic reticulum-mitochondria encounter structures and vacuole and mitochondria patch organelle contact sites that are reflected in qualitative and quantitative changes in phospholipid profiles. This highlights a novel mechanism that regulates lipid homeostasis without profoundly affecting the activity status of involved enzymes such that, upon entry into favorable growth conditions, cells can quickly alter lipid flux by relocalizing their enzymes.
INTRODUCTION
Cells respond to environmental stress such as nutrient depletion or heat shock by modulating a variety of processes such as transcription, translation, protein quality control, and activity status of individual cellular factors aiding in cellular adaptation and survival
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Thomas Sommer Max Delbrück Center for Molecular Medicine ary-phase yeast cells (Narayanaswamy et al., 2009) . We also determined whether Fas1, the second subunit of the heterooligomeric FAS enzyme, forms foci and how it relates to Fas2 foci. Fas1 and Fas2 were genomically C-terminally tagged with mcherry and GFP fluorescent markers, respectively. Tagging did not affect cellular growth rates, indicating that the fusions with mcherry/GFP do not affect the essential function of FAS.
Fluorescence microscopic analysis revealed that, during logarithmic growth, both subunits exhibit a diffuse cytosolic distribution, whereas they coaccumulated into one cytosolic focus in most (68%) cells when they entered the quiescence stage upon prolonged growth in stationary phase (Supplemental Figure S1A ). The fraction of cells showing one or more FAS foci steadily increased during starvation, until 100% was reached after 10 d of starvation (Supplemental Figure S1B ).
When an alternate form of metabolic stress such as glucose depletion was used, Fas1-mcherry also accumulated into foci. In this case, multiple Fas1-mcherry foci formed at a faster rate as compared with stationary phase ( Figure 1A and Supplemental Figure  S1C ). Prolonged glucose depletion led to an increase in cell size without affecting cellular intactness. We confirmed Fas1 foci formation upon glucose depletion by immunofluorescence against a Cterminally myc-tagged Fas1 to exclude the possibility of FAS sequestration being artificially caused by tagging with fluorescent probes (Supplemental Figure S1D ). To test whether FAS sequestration is specific, we monitored the localization of Rpl25-GFP (protein of the large ribosomal subunit) and Eno1-GFP (a glycolytic enzyme) upon glucose depletion (Supplemental Figure S2, A and B) . Staining of Rpl25-GFP and Eno1-GFP remained diffuse, demonstrating specificity of FAS foci formation.
To gain insight into the molecular nature of the FAS foci and their subcellular localization, we performed correlative fluorescence microscopic and electron tomographic analysis of glucose depletioninduced Fas1-mcherry foci. In all 10 electron tomograms with predicted Fas-mcherry localization, Fas1 foci represent ribosome-free zones in the cytosol, indicating tight packing of Fas1-mcherry molecules within foci (Supplemental Figure S2C) .
We next analyzed whether other enzymes involved in fatty acid and phospholipid biosynthesis are also sequestered during starvation and whether they potentially cocluster with FAS foci ( Figure  1B ). We monitored potential foci formation of cytosolic Acc1, which synthesizes the FAS substrate malonyl-CoA, and the enzymes Pis1 (ER resident), Psd1 (mitochondria resident), and Erg6 (present in lipid droplets), which use fatty acids, the products of FAS activity, for phospholipid and lipid droplet biosynthesis. Genomic C-terminal fusions of the above enzymes to either GFP or mcherry were generated and analyzed by fluorescence microscopy. Functionality and correct localization of all fusions was ensured (Acc1, Pis1), given that some of these genes are essential or were reported by others (Erg6, Psd1) (Jacquier et al., 2011; Voss et al., 2012) . While all tested enzymes showed their typical subcellular localization in log-phase cells, they accumulated into punctate or rod-like (Acc1) structures during glucose starvation ( Figure  1B ). Thus sequestration of lipid biosynthetic enzymes during starvation extends beyond FAS. During the time course of starvation, Pis1-3xmcherry, Psd1-3xmcherry, and Erg6-GFP precede the sequestration of cytosolic Acc1-GFP and Fas1-mcherry (Supplemental Figure S2D ) into punctate structures. Thus sequestration of enzymes involved in phospholipid and fatty acid biosynthesis show temporal differences, with the latter sequestering more slowly. Importantly, all tested enzymes, while being sequestered upon starvation, never colocalized ( Figure 1B) , indicating that 2014). A global screen for yeast proteins forming insoluble deposits upon starvation, appearing as foci of respective green fluorescent protein (GFP) fusions, identified 180 proteins, many of which are metabolic enzymes (Narayanaswamy et al., 2009) . Further analysis of some of the protein sequestrations formed during the stationary phase revealed that they are reversible and solubilized upon addition of specific metabolites Narayanaswamy et al., 2009; Noree et al., 2010; Laporte et al., 2011) , which prompted the proposal that they are storage assemblies. Cosequestration has been reported for some functionally related proteins, such as Ura7 and Ura8 involved in CTP biosynthesis in yeast and enzymes involved in purine biosynthesis in mammalian cells Noree et al., 2010) . It was postulated that coclustering of enzymes during metabolic stress aids in enhanced substrate channeling and more efficient biosynthetic activity.
In contrast to these reports, a recent study suggests that the majority of starvation-induced protein sequestrations represent aggregates of misfolded conformers (O'Connell et al., 2014) . Moreover, molecular chaperones, including Hsp104 and Hsp42, that play key roles in aggregate formation and solubilization (Glover and Lindquist, 1998; Specht et al., 2011; Saibil, 2013) , also accumulate into foci in stationary-phase yeast cells, suggesting increased protein misfolding and aggregation during starvation (Narayanaswamy et al., 2009) . Given these diverse observations, the relationship of starvation-induced protein sequestrations to misfolded protein aggregates, their activity status, and their physiological relevance remain unclear.
Interestingly, similar to cytosolic proteins, organelle proteins also respond dynamically to a variety of stress treatments, including exposure to H 2 O 2 , dithiothreitol (DTT), and nitrogen starvation, leading to their spatial alterations . Extending the organelle protein remodeling, a nucleus-vacuole contact site factor, Nvj2, accumulates into cytosolic punctate structures upon treatment of cells with H 2 O 2 . However, the physiological significance of these observations remains unexplored.
To obtain insights into the nature and functional significance of starvation-induced protein sequestrations, we performed a systematic analysis of starvation-induced changes of the enzymes constituting one major metabolic pathway-phospholipid biosynthesis. This pathway is central to cell physiology yet poorly understood in terms of adaptive changes during nutrient starvation. The starting point for this analysis was the reported finding that Fas2, one of the two subunits of the heterooligomeric key enzyme fatty acid synthetase (FAS), sequesters into foci under a variety of stress conditions, including nutrient starvation (Narayanaswamy et al., 2009; Tyedmers et al., 2010; Jacobson et al., 2012) .
We show here that intact FAS and multiple other enzymes of lipid biosynthesis localized to different cellular compartments sequester into distinct foci upon glucose starvation. Using FAS as model for further analysis, we show FAS foci are active and dynamic and dissolve upon addition of glucose independent of chaperone disaggregase activity, thus separating them from misfolded protein aggregates. Sequestration of ER and mitochondria-localized enzymes coincides with the concomitant loss of endoplasmic reticulum-mitochondria encounter structure (ERMES) and vacuole and mitochondria patch (vCLAMP) organelle contact sites that are reflected in changes in phospholipid profiles.
RESULTS

Lipid biosynthetic enzymes are sequestered upon starvation
We first analyzed the possibility of sequestrations of lipid biosynthetic enzymes representing misfolded protein aggregates. Apart from sequestering during starvation, FAS is also known to form aggregates upon exposure to oxidative stress, such as arsenite, H 2 O 2 , or menadione treatment (Cabiscol et al., 2000; Tyedmers et al., 2010; Jacobson et al., 2012) . Thus, being prone to sequestration under a variety of environmental stress conditions and due to its importance in lipid metabolism, FAS serves as an ideal model substrate for a systematic analysis.
We next analyzed the relationship between starvation-induced FAS sequestrations and misfolded protein aggregates. In yeast, the AAA+ protein disaggregase Hsp104 is specifically targeted, with high efficiency, to misfolded protein aggregates for solubilization and refolding of aggregated proteins in cooperation with the Hsp70 system (Saibil, 2013) . Hsp104-GFP is thus a reliable and widely used marker for misfolded protein aggregates (Specht et al., 2011) .
clustering of different, functionally related enzymes during starvation is not a general phenomenon.
FAS foci are not substrates of protein quality-control machineries
Because lipid biosynthetic enzymes, although individually sequestered upon starvation, are spatially separated from each other, it is unlikely that sequestration enhances phospholipid biosynthesis. We therefore envisioned two alternative explanations. First, the observed sequestrations might represent misfolded protein aggregates, in line with previous work (O'Connell et al., 2014) , which reported that a majority of starvation-induced protein deposits represent aggregates of misfolded conformers. Second, the sequestration serves to spatially confine the enzymes from one another and perhaps from their substrates, which might represent an adaptive mechanism to regulate the flux of metabolites.
FIGURE 1: Lipid biosynthetic enzymes sequester into foci upon prolonged glucose depletion. (A) Fas1-mcherry accumulates into multiple foci upon prolonged glucose depletion. Cells were grown to log phase in SD medium and shifted to medium lacking glucose (SC medium). Maximum-intensity projections of z-stack images are shown. (B) S. cerevisiae cells coexpressing either Fas1-mcherry and Acc1-GFP, Fas2-GFP and Pis1-3Xmcherry, Fas2-GFP and Psd1-3Xmcherry, or Fas1-GFP and Erg6-mcherry were grown at 30°C to either log phase or were depleted of glucose for 4 d. Single-plane images are shown. Scale bars: 2 μm. Fas1-GFP Erg6-mcherry merge +Glc LD -Glc B misfolded proteins. Moreover, Fas1-mcherry (similar to Gln1mcherry) is sequestered much later during stationary phase than Ura7-GFP, Pre6-GFP, and Ade4-GFP (Supplemental Figure S3B ). We also considered the possibility that FAS foci are not substrates for the Hsp104 disaggregase but are cleared from cells by autophagy. Coexpression of Fas1-GFP and Ape1-mcherry, a marker for the preautophagosomal structure (PAS; Suzuki et al., 2013) , did not reveal colocalization of these proteins upon starvation ( Figure  2C ). Together these findings suggest that FAS foci do not represent accumulation of misfolded proteins subjected to the protein qualitycontrol machinery.
FAS foci are assemblies of active enzymes
To directly test whether the sequestered FAS enzymes retained or lost enzymatic activity, we monitored the activity of FAS in crude cell Fluorescence microscopic analysis revealed that Hsp104-GFP forms multiple foci in stationary-phase cells, which, however, do not colocalize with Fas1-mcherry foci, indicating that Fas1 sequestrations are not misfolded protein aggregates (Figure 2A ). Fas1-mcherry also formed foci in quiescent hsp42Δ cells, which fail to form cytosolic misfolded protein aggregates (Specht et al., 2011) , further supporting a nonaggregate-like nature of FAS sequestrations ( Figure 2B ). Different types of misfolded proteins tend to coaggregate (Kaganovich et al., 2008; Specht et al., 2011) . We therefore addressed the question of how FAS sequestration relates to sequestrations reported for other enzymes (Laporte et al., 2008; Narayanaswamy et al., 2009; Noree et al., 2010) . Colocalization analysis using Gln1mcherry, Ura7-GFP, Pre6-GFP, and Ade4-GFP revealed that Fas1mcherry/Fas1-GFP are sequestered at a site distinct from the sequestrations of the other markers (Supplemental Figure S3A ), unlike t o t a l s u p e r n a t a n t ( 1 4 K ) t o t a l + c e r u l e n i n t o t a l s u p e r n a t a n t ( 1 4 K ) t o t a l + c e r u l e n i n FAS activity (ΔA340/min)
for physiological consequences upon prevention of FAS foci formation in the cytosol. We tested the viability of cells at different time points using fluorescence-activated cell sorting (FACS) based on a sensitive dead cell-staining dye (Sytox green) ( Figure 3C ). We did not observe any significant effect on cell viability upon alteration of the site of FAS sequestration.
We therefore conclude that the primary purpose of sequestering FAS, and perhaps by extension other enzymes of lipid biosynthesis, is likely to confine them spatially, presumably restricting their access to one another and to substrates.
Starvation-induced sequestrations of lipid biosynthetic enzymes are reversible
To further characterize sequestration of lipid biosynthetic enzymes, we determined the protein dynamics in FAS foci by fluorescence loss in photobleaching (FLIP) experiments. Here a small area of stationary-phase cells distant to the Fas1-mcherry foci was continuously bleached, and the fluorescence intensity of the foci was monitored in parallel. Fluorescence intensity of the Fas1-mcherry foci dropped rapidly over the period of bleaching, indicating a rapid exchange of Fas1-mcherry molecules between the foci and the cytosol, also distinguishing FAS foci from immobile cytosolic aggregates of misfolded proteins (Specht et al., 2011;  Figure 4A ).
We next analyzed the fate of starvation-induced FAS sequestration upon replenishment of nutrients. FAS foci formed in stationary yeast cells rapidly dissolved upon addition of fresh complete medium (SD medium), and Fas1-mcherry redistributed uniformly in the cytosol ( Figure 4B ). Foci disintegration was complete after 120 min in most cells. Simultaneous addition of cycloheximide (CHX) did not prevent FAS foci disintegration, demonstrating that solubilization does not rely on protein synthesis and that the regained diffuse Fas1-mcherry fluorescence originates from the starvation-induced sequestrations ( Figure 4B ). Fas1-mcherry levels remained unaffected upon glucose and CHX addition, indicating that changes in Fas1-mcherry fluorescence intensities are caused by changes in localization (foci vs. diffuse; Supplemental Figure S5 , A and B).
To determine the minimal nutrient requirement for the solubilization of Fas1-mcherry foci, we performed a series of experiments wherein either one or a combination of media components were added to the starved cells. Glucose alone was sufficient to trigger the solubilization of Fas1-mcherry foci, while other media components individually or in combination did not ( Figure 4B ). A nonmetabolizable glucose analogue, 2,4-deoxyglucose, did not trigger solubilization, indicating that metabolizing glucose is the prerequisite for disintegration of Fas1-mcherry foci (unpublished data). Solubilization of Fas1-mcherry foci upon glucose addition was not perturbed in hsp104Δ cells, confirming further that FAS foci are not misfolded protein aggregates ( Figure 4C ).
Given that FAS foci formation and dissolution are driven by nutrient availability, we monitored FAS sequestration in mutants of major nutrient-sensing pathways-TOR and Snf1 signaling pathways (tor1Δ and reg1Δ), and in rho-minus cells that are defective in ATP production by respiration. In all the mutant strains tested, we observed a substantially faster sequestration of FAS as compared with wild-type (wt) cells (Supplemental Figure S6A ). FAS foci were still reversed by the addition of glucose, demonstrating that only the kinetics of formation but not the dissolution of FAS foci is changed in the mutant cells (Supplemental Figure S6B ). Sequestrations of other tested lipid biosynthetic enzymes (Pis1, Psd1, Acc1) dissolved at similar kinetics to regain their typical localizations upon addition of glucose (Figure 4 , D-F). Levels of all tested enzymes remained lysates. The activity assay was based on the observation that the majority of Fas2-GFP foci could be efficiently pelleted by centrifugation of lysates from starved cells, while diffuse Fas2-GFP remained entirely in the soluble fraction of lysed log-phase cells ( Figure 2D ). Comparing FAS activity of total cell extracts with that of soluble fractions upon centrifugation thus allows the activity status of Fas2-GFP within foci to be deciphered. In the case of log-phase cells, most of the activity of the Fas2-GFP determined in the total extracts was retained in the soluble fraction, correlating with the presence of diffuse Fas2-GFP fluorescence (Figure 2 , D and E). FAS activity in total extracts of starved cells was comparable with that of extracts of logphase cells. However, FAS activity in extracts of starved cells was largely lost in the supernatant upon centrifugation and dropped to background activity levels, which were also detected when the FAS inhibitor cerulenin was added (Figure 2, D and E). Together these findings demonstrate that FAS sequestrations formed during starvation contain active enzyme and do not represent misfolded protein aggregates.
Altered subcellular localization of FAS does not abolish its sequestration
FAS foci being enzymatically active raises the possibility that FAS sequestration aids in a spatially confined synthesis of fatty acids within the cytosol. We envisioned that, in this scenario, relocalizing FAS to a different subcellular localization might affect cellular viability. To test this possibility, we exploited the "anchor-away technique" (Haruki et al., 2008) , wherein any freely diffusing protein can be targeted to a particular cellular compartment in an inducible manner upon addition of the drug rapamycin. For this approach, Fas1 was genetically C-terminally fused to the FKBP12-rapamycinbinding domain (FRB)-GFP protein in a rapamycin-resistant tor1-1 mutant strain, which expresses the plasma membrane protein Pma1 genetically tagged to FKBP12 (12 kDa FK506-binding protein) at its C-terminus. In addition, we genetically tagged Fas2 with mcherry at its C-terminus to follow the cellular localization of the entire FAS complex. Both tagged FAS subunits, Fas1-FRB-GFP and Fas2mcherry, showed cytoplasmic localization during logarithmic growth, but were quantitatively retargeted to the plasma membrane within minutes upon addition of rapamycin ( Figure 3A ). This collective retargeting of both FAS subunits allowed us to subsequently monitor Fas2-mcherry as a readout for localization of the entire FAS complex.
Cells were grown to logarithmic phase and subsequently starved of glucose with or without addition of rapamycin. In untreated control cells, cytosolic FAS foci had already formed after 1 d of glucose depletion, while in rapamycin-treated cells, Fas2-mcherry remained anchored away at the plasma membrane ( Figure 3B ). Faster sequestration of FAS in starved cells and enlarged vacuoles observed in the log-phase cells are likely due to the mutation in TOR1, as described previously (Michaillat et al., 2012) . Notably, under starvation conditions, the membrane staining by Fas2-mcherry became less smooth, and membrane-bound FAS foci were apparent. Thus, altering the localization of FAS did not abolish its sequestration into foci. As a control, we coexpressed plasma membrane-bound Hxt3-GFP (hexose transporter) and Fas2-mcherry in yeast cells expressing Fas1-FRB and Pma1-FKBP12. On starvation and rapamycin addition, Hxt3-GFP fluorescence also became less smooth, and foci became apparent (Supplemental Figure S4 ). Hxt3-GFP and Fas2mcherry foci did not colocalize, indicating that their respective protein sequestrations are specific. We currently cannot exclude that Pma1-FKBP12 influences FAS foci formation at the plasma membrane. The experimental setup, however, still allowed us to test To differentiate between these possibilities, we stained ER and mitochondria with specific dyes (DiOC6 and MitoTracker green, respectively). DiOC6-stained ER appeared continuous upon glucose depletion in contrast to punctuate localization of Pis1-3Xmcherry (Supplemental Figure S7 ), suggesting that Pis1-3Xmcherry is sequestered to specific subdomains of the ER. To test whether other ER-resident proteins also change localization, we monitored Sec63-3xmcherry, ss-dsRed-HDEL (staining nuclear and cortical ER), and Rtn1-mcherry (staining only cortical ER) ( Figures 5A and 6A ). All tested ER proteins accumulated into punctate structures. Coexpression of Pis1-3Xmcherry and Sec63-GFP revealed little colocalization of starvation-induced foci, indicating that the observed protein sequestrations are specific (Supplemental Figure S7) .
Changes in mitochondrial organization upon glucose depletion were determined by expressing the marker protein Shm1-GFP and MitoTracker green staining ( Figure 5 , B and C). Shm1-GFP showed accumulation into punctate structures similar to the enzyme Psd1 ( Figure 1B ). Global reorganization of mitochondria upon glucose constant upon glucose and CHX addition, indicating that fluorescence intensities are caused by changes in localization (foci vs. diffuse; Supplemental Figure S5 , C-E).
These data support the involvement of mechanisms driven by nutrient limitation. Taken together, sequestrations of FAS and other lipid biosynthetic enzymes represent reversible enzyme assemblies.
Reversible reorganization of the ER and mitochondria during starvation
Not only cytosolic but also ER-and mitochondria-localized lipid biosynthetic enzymes accumulated into punctate structures upon prolonged glucose starvation ( Figure 1B) . We envisioned two possibilities to explain this observation. First, the lipid biosynthetic enzymes dissociate from their normal localization under unperturbed conditions to accumulate into punctate structures without the overall organization of the ER and mitochondria being affected. Second, ER and mitochondria themselves undergo spatial reorganization that causes redistribution of their resident enzymes. cerevisiae cells expressing PMA1-FKBP12, Fas1-FRB-GFP, and Fas2-mcherry were grown to log phase in SD medium (A) or were glucose depleted (B). Cells were treated with either DMSO or rapamycin. In rapamycin-treated cells, both Fas1-FRB-GFP and Fas2-mcherry are targeted to PMA1-FKBP12 at the plasma membrane, while both subunits retain cytoplasmic localization in DMSO-treated control cells (A). On glucose starvation, control cells (+DMSO) form cytosolic Fas2-mcherry foci, while rapamycin addition keeps Fas2-mcherry at the membrane (B). (C) In rapamycin-resistant S. cerevisiae cells coexpressing PMA1-FKBP12 and Fas2-mcherry, Fas1 was either genomically tagged FKBP12 or not. Both strains were grown to log phase in SD medium and depleted of glucose by transferring them to SC medium. DMSO (control) or rapamycin was added upon glucose depletion. Cell viability was measured on different days of starvation by Sytox green staining-based FACS sorting of dead cells (C). Shm1-GFP Shm1-GFP glucose depletion, both contact sites were severely affected, with mcherry-Vam6 losing its vacuolar membrane localization to accumulate into numerous cytosolic foci ( Figure  7B , right panel), while Mdm34-GFP foci were drastically reduced in number and intensity owing to their acquired cytosolic localization ( Figure 7A, right panel) . Accordingly, Mdm34-GFP levels partially shifted from the insoluble to the soluble cell fraction upon starvation (Supplemental Figure S8A ). Foci formation of mcherry-Vam6 was specific, as vacuoles, stained by either FM4-64 or Vph1-GFP, did not exhibit morphological changes upon glucose depletion (Supplemental Figure S8 Figure S5G ). Thus starvation-induced alterations in dynamics of ER proteins and mitochondria coincide with reversible loss of ERMES and vCLAMP.
Starvation causes qualitative and quantitative alterations in the lipid profile
De novo synthesis of phospholipids is compartmentalized in yeast, with phosphatidylcholine (PC), phosphatidylserine (PS), and phosphatidylinositol (PI) being synthesized in the ER (Carman and Han, 2011) . Enzymes involved in phosphatidylethanolamine (PE) biosynthesis, however, are localized to the mitochondrial inner membrane (Psd1) and the vacuolar membrane (Psd2) (Trotter and Voelker, 1995) . They catalyze conversion of PS to PE, thus necessitating shuttling of PS between the ER, mitochondria, and vacuole. ERMES and vCLAMP together are known to aid in PS flux across these organelles and thereby play a vital role in phospholipid homeostasis (Kornmann et al., 2009; Elbaz-Alon et al., 2014; Honscher et al., 2014; summarized in Figure 8A) . Given that we observed loss of ERMES and vCLAMP upon 24 h of glucose depletion, we next tested whether their loss is reflected in alterations in lipid profile.
We therefore performed a detailed correlative lipidomic analysis of yeast cells subjected to glucose starvation, which to our knowledge is the first analysis of this kind to be performed. Total lipids were extracted from cells starved of glucose for different time periods (0-96 h) and analyzed quantitatively by mass spectrometry (Figure 8B ; Supplemental Table S1 ). The data suggest that, upon glucose starvation, species-specific changes in phospholipids occurred. Total levels of PE sharply dropped within 1 d of glucose depletion, and PC levels decreased eventually during the starvation period. In contrast, levels of PI increased upon glucose starvation, whereas levels of PS remained unchanged ( Figure 8B) . These alterations are qualitatively consistent with those observed in mutants lacking both ERMES and vCLAMP (Elbaz- Alon et al., 2014) . The more depletion was confirmed by MitoTracker green staining, demonstrating that changes in mitochondrial morphology underlie the observed changes in Psd1-3Xmcherry localization ( Figure 5C ).
We next tested whether the reorganization of mitochondria and ER proteins tested is reversible upon addition of glucose. The punctate structures of ER (Rtn1) and mitochondria (Shm1) markers regained their normal spatial organization within 120 min upon glucose addition ( Figure 6, A and B) , similar to the Pis1 ( Figure 4D ) and Psd1 ( Figure 4E ) enzymes. Levels of Rtn1-mcherry remained unaffected upon glucose and CHX addition, indicating that changes in Rtn1-mcherry fluorescence intensities are caused by changes in localization (foci vs. diffuse; Supplemental Figure S5F ).
Interorganelle contact sites are reversibly lost upon starvation
Organelles communicate with one another through contact sites (Elbaz and Schuldiner, 2011; Prinz, 2014) . Mitochondria are dynamic organelles that are physically linked to the ER and vacuoles through the ERMES and vCLAMP contact sites, respectively (Kornmann et al., 2009; Elbaz-Alon et al., 2014; Honscher et al., 2014) . Given that we observed global reorganization of ER and mitochondria, we tested whether the ERMES and vCLAMP contact sites were affected. We used genomically tagged Mdm34-GFP and mcherry-Vam6 as established markers for ERMES and vCLAMP, respectively (Kornmann et al., 2009; Elbaz-Alon et al., 2014; Honscher et al., 2014) . The fusions harbored their typical localizations during logarithmic growth with dense foci of Mdm34-GFP with almost no cytosolic staining ( Figure 7A, left panel) and vacuolar membrane and patch-like staining of mcherry-Vam6 ( Figure 7B, left panel) . However, upon 24 h of Shm1-GFP tion of major fatty acid and phospholipid biosynthetic enzymes upon prolonged glucose starvation. The Fas2 subunit of FAS was reported to accumulate into foci in stationary-phase cells (Narayanaswamy et al., 2009) . We find that this observation extends to the other FAS subunit, Fas1, as well, and both subunits cosequester, indicating that intact FAS complexes are sequestered. Interestingly, this phenomenon is not limited to FAS but extends to other enzymes of fatty acid, ergosterol, and phospholipid biosynthesis localized to the cytosol (Acc1), lipid droplets (Erg6), ER (Pis1), and mitochondria (Psd1). Importantly, these sequestrations do not cocluster, negating the possibility of cosequestrations to aid in efficient synthesis by enhanced substrate channeling as has been suggested for other enzymes previously shown to cocluster Noree et al., 2010) .
To characterize the nature of deposits of lipid biosynthetic enzymes, we chose FAS as a model owing to its importance in lipid metabolism and given its tendency to sequester under a variety of conditions (Cabiscol et al., 2000; Tyedmers et al., 2010; Jacobson et al., 2012) . We demonstrate that FAS foci are not misfolded protein aggregates based on the observations that 1) they do not colocalize with the Hsp104 disaggregase, 2) they are dynamic and rapidly dissolve upon glucose addition in an Hsp104-independent process, and 3) they retain enzymatic activity. Thus nutrient limitation does pronounced decrease in PE levels observed in the previous study (Elbaz-Alon et al., 2014) could be attributed to deletion of Psd2 activity on top of loss of contact sites. Phosphatidic acid (PA) is a common precursor for all phospholipid biosynthesis. The decreased flux of PS due to loss of contact sites might result in accumulation of PA levels leading to increased PI biosynthesis, an observation also made in a previous report (Elbaz-Alon et al., 2014) . Thus loss of ERMES and vCLAMP coincides with global reorganization of ER and mitochondria, resulting in qualitative alterations in lipid profile.
DISCUSSION
The sequestration of a multiplicity of cellular factors is a widespread consequence of periods of scarcity in yeast cells. It is a matter of great debate whether starvation-induced protein sequestrations represent storage assemblies, strategies to aid in enhanced substrate channeling, or misfolded protein aggregates Narayanaswamy et al., 2009; Noree et al., 2010; O'Connell et al., 2014; Petrovska et al., 2014) . Most studies focused on individual enzymes of specific metabolic pathways without providing insights into the significance of their sequestrations to their respective metabolic pathways.
Here, in order to obtain functional insights into sequestration of enzymes involved in lipid homeostasis, we followed spatial localiza- Similarly, starvation-induced Gln1 rods and proteasomal granules have been suggested to represent storage compartments (Petrovska et al., 2014) , implicating a general cellular strategy to sequester native proteins during times of scarcity. Given that lipid biosynthetic enzymes are known to interact with one another, aiding in metabolic flux under nutrient-rich conditions (Durek and Walther, 2008) , we speculate that FAS sequestration and, by extension, sequestration of other lipid biosynthetic enzymes, while retaining enzymatic activity, might lower their accessibility to one another and not seem to globally affect protein folding, resulting in aggregation of a wide variety of metabolic enzymes, as recently suggested (O'Connell et al., 2014) . Accordingly, the starvation-induced deposits of all tested proteins were unique and did not intermix, suggesting that sequestrations of distinct proteins follow specific pathways but are not caused by misfolding, which should lead to the coaggregation observed in many studies (Kaganovich et al., 2008; Tyedmers et al., 2010; Specht et al., 2011) . FAS foci formation might serve to restrict accessibility of FAS to its substrates during periods of scarcity or to increase efficiency of localized fatty acid synthesis. However, altering the site of FAS sequestration ( Figure 3) does not affect cellular viability upon starvation, arguing against a role of FAS sequestration for site-specific lacking the ERMES complex (mdm34Δ) and having an altered ER structure due to mutations in ER-shaping proteins (rtn1Δ yop1Δ) exhibit defects in PS shuttling that correlates with reduced PE steadystate levels (Voss et al., 2012) , changes that are qualitatively similar to our own observations during glucose starvation. Interestingly, similar to our observations of the vCLAMP marker Vam6, which accumulates into reversible punctate structures in the cytosol upon glucose starvation, Nvj2, which marks the nucleus-vacuole contact sites, also accumulates into similar punctate structures upon exposure of cells to DTT . Thus alteration in interorganelle contact sites by spatial confinement of their constituent factor(s) into cytosolic deposits seems to be a conserved mechanism for cellular adaptation to stress. Taken together, our data show regulation of lipid homeostasis upon glucose starvation at three different levels, reversible 1) spatial confinement of enzymes, 2) mitochondrial and ER protein reorganization, and 3) loss of organelle contact sites. These changes likely regulate flux through the lipid biosynthetic pathways to efficiently modulate lipid homeostasis in response to changing nutrient availability. Direct evidence for a functional relationship remains to be explored, and other mechanisms, such as those involving regulation of activity or stability of cellular factors involved in phospholipid biosynthesis and flux, might also contribute to the observed alterations. We suggest that the sequestration of enzymes allows regulation of lipid homeostasis without affecting the enzymatic properties of individual enzymes such that, upon entry into favorable growth conditions, cells can quickly alter their lipid flux by simply relocalizing their enzymes.
MATERIALS AND METHODS
Yeast strains, media, and growth conditions mcherry-and GFP-tagged chromosomal constructs or gene knockouts were created using optimized PCR-amplified cassettes (Janke et al., 2004) . Supplemental Table S2 lists all strains used in this study; Supplemental Table S3 includes all plasmids used. Synthetic medium (SD medium) was used for cell growth at 30°C. For glucose starvation, cells were washed twice with water and transferred to SD medium lacking glucose. For replenishment of nutrients, stationaryphase or glucose-depleted cells were harvested by centrifugation, resuspended in either SD medium or SC medium or phosphatebuffered saline (PBS) buffer with or without glucose (2% wt/vol). In all these cases, CHX was added to a final concentration of 100 μg/ml. In some experiments, 3 mM guanidiniume hydrochloride was added to inhibit Hsp104 activity.
Anchor-away and viability assays
Cells coexpressing Pma1-FKBP12 and Fas2-mcherry with either Fas1-FRB or untagged Fas1 were glucose depleted as described. Either dimethyl sulfoxide (DMSO) or rapamycin (1 μg/ml) was added to the cells immediately after glucose starvation. Localization of Fas2-mcherry was monitored within minutes to ensure that rapamycin treatment led to anchoring-away of FAS. Subsequently, aliquots of cultures were taken on different days of starvation, and viability was measured by Sytox green-based sorting of dead cells. Briefly, 1 OD 600 of cells were harvested and resuspended in PBS buffer. A 5 mM Sytox green solution (Invitrogen, Darmstadt, Germany) was used to stain cells at 10,000 times dilution for 10 min at room temperature. The cells were harvested by centrifugation, washed in PBS, and immediately analyzed by FACS (BD FACS CantoTM II) using a 488-nm laser. A total of 20,000 events were measured at each time point per repetition. Dead cells being stained by the dye can be separated, and the percentage of viable cells can therefore be calculated.
their substrates by restricting their local availability and thereby altering lipid flux. Protein sequestration upon starvation might additionally protect the sequestered proteins from bulk degradation by autophagy. Accordingly, Fas1-GFP foci did not colocalize with PAS ( Figure 2C ). On addition of glucose, availability of FAS and other lipid biosynthetic enzymes are restored rapidly for lipid biosynthesis supporting the resumption of growth.
The trigger for sequestration of FAS and other lipid biosynthetic enzymes remains unknown. We also noticed that starvation-induced sequestration of different protein species occurs with different kinetics and deposition sites do not colocalize. This suggests the existence of various triggers and related pathways to initiate and control protein sequestrations. While changes in cytosolic pH have been identified as a sufficient trigger for formation of Gln1 rods and proteasomal storage granules during the stationary phase (Peters et al., 2013; Petrovska et al., 2014) , they are unlikely to trigger sequestrations of FAS and other lipid biosynthetic enzymes, given that FAS is sequestered at a much later time point as compared with either 1) pH drop-induced translocation of the ER membrane-bound transcriptional repressor of phospholipid biosynthesis Opi1 into the nucleus in minutes after glucose depletion or 2) Gln1 rod formation (Young et al., 2010; Petrovska et al., 2014) . We consider it likely that metabolite(s) feeding into lipid metabolism provide a starvation signal that, sensed by the enzymes, triggers foci formation. Given the different kinetics of enzyme sequestrations observed, different pathways or thresholds might be involved. The identification of cellular factors or intrinsic sequence and structural features of sequestered enzymes is required for a mechanistic understanding of starvationinduced protein sequestration.
We also show strong reversible reorganization of mitochondria that underlies punctate structure formation. Various ER proteins tested, including ER-resident lipid biosynthetic enzymes, also exhibit specific changes of localization upon glucose depletion. Similarly, the ER exit site marker Sec16 reversibly accumulates into dense punctate structures in Drosophila cells upon depletion of serum and amino acids (Zacharogianni et al., 2011) . However, these massive morphological changes of various ER proteins during glucose starvation have not been previously reported. Mitochondrial fragmentation, similar to our observation of punctate organization, in response to glucose depletion has been reported for mammalian cells (Rambold et al., 2011) . Also, Opa1-mediated modulation of mitochondrial cristae structure in response to starvation has been recently described in mammalian cells (Patten et al., 2014) , further supporting possible conservation of our observations to higher eukaryotes. Therefore organellar reorganization seems to be a common theme in adaptation of cells to starvation. Our findings therefore extend the known starvation-induced localization changes from individual enzymes to entire organelles, showing that the cellular response to starvation occurs at different levels of cellular organization.
Recently vCLAMP contact sites between mitochondria and vacuoles were described in yeast; together with ERMES, they were proposed to play vital roles in phospholipid biosynthesis (Elbaz-Alon et al., 2014; Honscher et al., 2014) . The cellular metabolic state was shown to reversibly regulate the formation of these contact sites (Honscher et al., 2014) . Yeast cells lacking both contact sites and vacuole-localized Psd2 exhibited a significant drop in PC and PE levels and increased PI levels (Elbaz-Alon et al., 2014) . Our observed changes in ER and mitochondrial morphology coincide with reversible loss of ERMES and vCLAMP contact sites reflected by changes in levels of specific lipids that are qualitatively identical to those previously reported (Elbaz-Alon et al., 2014) . Moreover, yeast cells performed at 25°C on a confocal microscope (LSM 780; Carl Zeiss) equipped with a 63×/1.40 NA oil objective lens and 561-nm laser lines for mcherry image acquisition and photobleaching. The resulting loss of fluorescence in the region of interest (ROI) as a function of time provides a measure of the relative exchange rate with the bleached cytoplasmic fraction of molecules. Quantification of FLIP experiments was performed using ZEN 2010 software (Carl Zeiss). The fluorescence intensity of the background (F bg ), the ROI at a particular time point (F t ), and the fluorescence intensity before the first bleach (F 0 ) were determined. For calculating the loss of fluorescence at a particular time point, the formula (F t − F bg )/(F 0 − F bg ) × 100 was used. Curves represent the mean of 20 cells and the corresponding SE.
Correlative fluorescence microscopy and electron tomography
Sample preparation, data acquisition, and the correlation procedure were essentially done as previously described (Kukulski et al., 2011 (Kukulski et al., , 2012 , with minor modifications. Cultures grown under starvation conditions (4 d) and, in parallel, to log phase, of yeast cells expressing Fas1-mCherry and Sec63-GFP were pelleted by vacuum filtration (McDonald, 2007) , loaded into aluminum planchettes (0.1/0.2 mm), covered with the flat side of aluminum planchettes (0.3 mm; Engineering Office M. Wohlwend, Sennwald, Switzerland), and cryo-fixed using a BAL-TEC HPM-010 high-pressure freezer. Samples were freeze substituted with 0.1% uranyl acetate in acetone, embedded in Lowicryl HM20 resin, and sectioned according to a previously published protocol (Kukulski et al., 2011) . EM grids with 320-nm resin sections were incubated section face down for 10 min on 15 μl drops of 50-nm TetraSpeck microspheres (Life Technologies, Carlsbad, CA) diluted 100 times in PBS. Grids were washed with water and blotted three times. For fluorescence microscopy, EM grids were placed between two coverslips in a layer of water, as depicted in Kukulski et al. (2012) . Imaging was done on an Olympus IX81 microscope with a 100×/1.45 NA objective and an Orca-ER camera (Hamamatsu). An X-Cite 120 PC lamp (EXFO) was used for fluorescence imaging. Excitation filters for GFP, mCherry, and blue channel were 470/22, 556/20, and 377/50 nm, respectively. Emission filters were 520/35, 624/40, and 520/35 nm, respectively. The blue channel was recorded for distinguishing the TetraSpeck from colocalizing GFP and mCherry signals. Fifteen-nanometer protein A-coupled gold beads were adhered to both faces of the grids as fiducial markers for tomographic reconstructions, and sections were stained with Reynolds lead citrate for 15 min. Electron tomographic tilt series were acquired using SerialEM software (Mastronarde, 2005) on a FEI TF30 microscope operated at 300 kV and equipped with a FEI 4k Eagle CCD camera, using a dual-axis tomography holder (Fischione Model 2040). Dual-axis tilt series were acquired from −60 to 60° at 1° increments and 1.18-nm pixel size. For fiducialbased correlation, lower-magnification single-axis tilt series were acquired from −60 to 60° at 3° increments and 2.53-nm pixel size. The IMOD software was used for tomogram reconstruction (Kremer et al., 1996) . For location of fluorescence signals in electron tomograms, the correlation procedure described in Kukulski et al. (2012) was applied. In brief, virtual slices in which TetraSpeck microspheres on the section surface were visible were selected from the low-magnification tomogram and averaged using ImageJ. Centroids of Tet-raSpeck signals in the same channel as the fluorescence signal of interest (RFP for Fas1-mCherry) were determined with subpixel accuracy and assigned to the corresponding positions in the averaged EM image using the MATLAB Control Point Selection Tool. Using TetraSpeck microspheres as fiducial markers permitted direct Image acquisition, processing, and data analysis Cells were treated as indicated, harvested by centrifugation, and resuspended in PBS. Optical sections of 0.2 μm were acquired to image the whole cell volume using a wide-field system (xcellence IX81, Olympus) equipped with a Plan-Apochromat 100×/1.45 NA oil-immersion objective and an EMCCD camera or Hamamatsu EM-CCD [C9100-02]). Acquired z-stacks were deconvolved with xcellence software using the Wiener Filter. All further processing of digital images was performed with ImageJ (http://imagej.nih .gov/ij).
Time-lapse microscopy
For sample preparation, a round-bottom dish was coated with concanavalin A (ConA). Cells were adhered on the ConA-coated coverslip for 15 min, unbound cells were removed by washing, and a final volume of 3 ml of PBS buffer containing 2% (wt/vol) glucose and 100 μg/ml of CHX was added. Image acquisition was started simultaneously, and images were acquired using the xcellence IX61 microscope using a Plan-Apochromat 100×/1.45 NA oil-immersion objective with autofocusing hardware during the course of the experiment. Fourteen optical sections of 0.2 μm were acquired to image the whole cell volume. Stacks were deconvolved as described.
Immunofluorescence
For immunostaining, cells were fixed with 4% (vol/vol) p-formaldehyde/100 mM KPi (Sigma Aldrich) for 1 h before cell wall digestion with 500 μg/ml Zymolase T-100 in wash buffer (1.2 M sorbitol/ 100 mM KPi pH 6.5) supplemented with 20 mM β-mercaptoethanol at 30°C. Spheroblasts were attached to poly-lysine-coated cover slides, permeabilized by being washed three times with 1% Triton X-100/100 mM KPi (pH 6.4), and blocked for 1 h with 1% (wt/vol) bovine serum albumin (BSA) in 100 mM KPi (pH 6.4). Mouse antimyc antibody (clone 9E10) at a dilution of 1:500 in blocking buffer was applied to spheroplasts, which were incubated for 2 h at room temperature. Spheroplasts were rinsed in blocking buffer three times. Alexa Fluor 488 goat anti-mouse immunoglobulin G (H+L) secondary antibody (Invitrogen) was applied, and spheroplasts were incubated at room temperature for 1 h. Following secondary antibody incubation, spheroplasts were embedded in 55% glycerol and stained.
ER, mitochondria, and vacuole staining
ER of glucose-starved cells (OD 600 = 1) was stained with DiOC6 (5 ng/ml) for 10 min and washed three times in PBS buffer before being imaged with a GFP filter. Mitochondria were stained by Mito-Tracker green (50 nM, Invitrogen) for 20 min at 30°C, washed three times with PBS buffer, and imaged using a GFP filter under the fluorescence microscope. Vacuoles were imaged by staining cells with FM4-64 (20 μM; Invitrogen) for 15 min at 30°C. The dye was washed out, and cells were incubated on either complete medium (for logphase cultures) or media lacking glucose (for starved cells) and incubated for 60 min at 30°C. Cells were imaged using an mcherry filter under the fluorescence microscope.
FLIP measurements
For FLIP analysis, cells were grown to stationary phase and immobilized on ConA-coated glass-bottom culture dishes. FLIP measurements were performed at 25°C for 20 individual cells. A defined area was bleached 27 times for 380 s each time. Laser intensities for bleaching were set to 100% for the 561-nm laser. Laser settings for imaging were set to 3% for the 561-nm laser. Measurements were [15:15:5:1:0.018, vol/vol]). A mixture of internal standards (7.5 nmol 17:0/14:1 PC, 7.5 nmol 17:0/14:1 PE, 6.0 nmol 17:0/14:1 PI, 4.0 nmol 17:0/14:1 PS, 1.2 nmol C17:0-ceramide, and 2.0 nmol C8-glucosylceramide) and 250 μl of glass beads were added; the sample was vortexed vigorously (Multi-tube vortexer; Lab-tek International, Christchurch, New Zealand) for 5 min and incubated at 60°C for 20 min. Cell debris was pelleted by centrifugation at 1800 × g for 5 min, and the supernatant was collected. The extraction was repeated once, and the supernatants were combined and dried under a stream of nitrogen or under vacuum in a Centrivap (Labconco Corporation, Kansas City, MO). Half of the sample was used for ceramide and complex sphingolipid analysis, in which we performed an extra step to deacylate glycerophospholipids using monomethylamine reagent (methanol, water, n-butanol, methylamine solution [4:3:1:5, vol/vol]; Cheng et al., 2001) . For desalting, both lipid extracts were resuspended in 300 μl of water-saturated butanol and sonicated for 5 min. LC-MS grade water (150 μl) was added and samples were vortexed and centrifuged at 3200 × g for 10 min to induce phase separation. The upper phase was collected, and the process was repeated twice. The combined upper phases were dried and kept at −80°C until analysis. For glycerophospholipid and sphingolipid analysis by electro-spray ionization mass spectrometry (ESI-MS/MS), extracts were resuspended in 500 μl of chloroform:methanol (1:1, vol/vol) and diluted in chloroform:methanol:water (2:7:1, vol/vol/vol) and chloroform:methanol (1:2, vol/vol) containing 5 mM ammonium acetate for positive and negative mode, respectively. A Triversa Nanomate (Advion, Ithaca, NY) was used to infuse samples with a gas pressure of 30 psi and a spray voltage of 1.2 kV on a TSQ Vantage (ThermoFisher Scientific, Waltham, MA). The mass spectrometer was operated with a spray voltage of 3.5 kV in positive mode and 3 kV in negative mode. The capillary temperature was set to 190°C. Multiple-reaction monitoring mass spectrometry was used to identify and quantify lipid species . Data were converted and quantified relative to standard curves of internal standards, which were spiked in before extraction. Values are averages ±SD of three independent samples. correlation to the fluorescence channel of interest, avoiding the need to correct for drift between fluorescence images (Kukulski et al., 2011) . The transform between fluorescence and electron microscopic images was determined based on the pairs of coordinates and was used to map the subpixel fitted centroid of the fluorescence spot of interest onto the low-magnification electron tomogram. In a second step, the coordinates of the predicted fluorescence spot position were transformed to the high-magnification tomogram in an analogous procedure based on the 15-nm gold beads.
Protein solubility and FAS activity assay
Log-phase or glucose-depleted yeast cells were harvested by centrifugation, resuspended in 50 mM Tris/HCl, 500 mM NaCl (pH 8.5) supplemented with protease inhibitors (1 mM phenylmethylsulfonyl fluoride [PMSF], 5 μg/ml leupeptin, 10 μg/ml pepstatin, 8 μg/ml aprotinin, protease inhibitor mix FY [Serva]) and flash frozen in liquid nitrogen before pulverization by repeated mixer milling (MM 400 [Retsch]; 30 Hz, 2 min). Cell lysates were precleared by centrifugation at 3000 × g for 5 min, and total protein concentration of supernatants was measured by Bradford (Bio-Rad) before the soluble and insoluble fractions were separated by centrifugation at 16,000 × g for 20 min. The soluble fraction was removed and its protein concentration measured, while the pellets were washed once with 50 mM Tris/HCl 150 mM NaCl (pH 8.5) supplemented with protease inhibitors, centrifuged at 16,000 × g for 20 min, and resuspended in 50 mM Tris/HCl, 500 mM NaCl, 8 M urea, 2% (wt/vol) SDS, 2 mM DTT (pH 8.5) supplemented with protease inhibitors. SDS-PAGE and Western blotting with anti-YFP antisera were used to analyze distribution of Fas1-GFP to soluble or insoluble fractions.
For determining FAS activity (Matias et al., 2011) , total lysates and supernatants of log-phase and glucose-depleted cells were added to 700 μl of FAS activity buffer (0.1 M potassium phosphate buffer pH 6.5, 2.5 mM EDTA, 10 mM cysteine, 0.3 mg/ml BSA, 0.24 mM acetyl CoA, 0.15 mM NADPH), and activity was measured by addition of malonyl-CoA (0.28 mM) with conversion of NADPH to NADP at 340 nm as a readout using a spectrophotometer (Shimadzu UV-1601; Matias et al., 2011) . Cerulenin (20 μM), a specific inhibitor of FAS, was used to monitor specificity of the activity measured.
Cell fractionation
S. cerevisiae log-phase and glucose-starved cells (24 h) were harvested, washed in water, and resuspended in lysis buffer (50 mM Tris-HCl, pH 7.4, 150 mM NaCl, 0.5 mM EDTA, 5 μg/ml leupeptin, 10 μg/ml pepstatin, 8 μg/ml aprotinin, protease inhibitor mix FY [Serva]). PMSF (1 mM) was added before cell lysis. Glass beads (0.1 mm) were added, and cells were lysed using the FastPrep-24 Instrument (MP Biomedicals). Lysates were centrifuged at 1300 × g to remove nonlysed cells. Protein concentrations of the lysate (T) were measured by Bradford, and an aliquot of the lysate was centrifuged at 16,000 × g for 15 min. Protein concentrations of the resulting supernatants (S) were measured by Bradford. The pellets were washed with water once and resuspended in 50 mM Tris/HCl (pH 8.5), 500 mM NaCl, 8 M urea, 2% (wt/vol) SDS, 2 mM DTT (P). Equal amounts of total, supernatant, and pellet fractions were loaded on a gel and blotted using the appropriate antibodies.
Lipid analysis
Lipids were extracted and analyzed by mass spectrometry as previously described (da Silveira Dos Santos et al., 2014) . Briefly, 25 OD of cells were resuspended in 1.5 ml of extraction solvent (ethanol, water, diethyl ether, pyridine, and 4.2 N ammonium hydroxide
